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Abstract

The blood–brain barrier plays a critical role in delivering oxygen and nutrients to the brain while preventing the transport of
neurotoxins. Predicting the ability of potential therapeutics and neurotoxicants to modulate brain barrier function remains a
challenge due to limited spatial resolution and geometric constraints offered by existing in vitro models. Using soft
lithography to control the shape of microvascular tissues, we predicted blood–brain barrier permeability states based on
structural changes in human brain endothelial cells. We quantified morphological differences in nuclear, junction, and
cytoskeletal proteins that influence, or indicate, barrier permeability. We established a correlation between brain endothelial
cell pair structure and permeability by treating cell pairs and tissues with known cytoskeleton-modulating agents, including
a Rho activator, a Rho inhibitor, and a cyclic adenosine monophosphate analog. Using this approach, we found that
high-permeability cell pairs showed nuclear elongation, loss of junction proteins, and increased actin stress fiber formation,
which were indicative of increased contractility. We measured traction forces generated by high- and low-permeability pairs,
finding that higher stress at the intercellular junction contributes to barrier leakiness. We further tested the applicability of
this platform to predict modulations in brain endothelial permeability by exposing cell pairs to engineered nanomaterials,
including gold, silver–silica, and cerium oxide nanoparticles, thereby uncovering new insights into the mechanism of
nanoparticle-mediated barrier disruption. Overall, we confirm the utility of this platform to assess the multiscale impact of
pharmacological agents or environmental toxicants on blood–brain barrier integrity.
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INSIGHT

Current models of the blood–brain barrier provide limited mechanistic insights into the ability of therapeutics and tox-
ins to impact barrier permeability. Here, we implement a minimalist approach to probe the contribution of endothelial
cell interactions on blood–brain barrier function. Using brain microvascular cells patterned on geometrically defined
fibronectin islands, we identify structural metrics that correlate with tissue-level endothelial barrier permeability. We
found that increased stress formation at the cell–cell junction, accompanied by actin rearrangement and decreased
junction protein expression, contributed to barrier leakiness in endothelial tissues. Using cell pairs as an alternative to
traditional barrier screening platforms, we found that certain engineered nanomaterials, such as silver nanoparticles
and nanoceria, can modulate brain endothelial structure and permeability.

INTRODUCTION

The blood–brain barrier serves as a boundary between the circu-
latory system and the brain that maintains cerebral homeostasis
by protecting the brain from neurotoxins and pathogens while
still supplying the brain parenchyma with oxygen and nutri-
ents. The blood–brain barrier’s ability to maintain homeosta-
sis is largely dictated by the integrity of endothelial cell junc-
tions and basement membrane, where structural organization
at the intercellular, cellular, and subcellular levels gives rise to
functional tissues that dynamically regulate solute transport.
Although the blood–brain barrier can serve as a highly selective
membrane, barrier permeability can fluctuate during develop-
ment or disease. For example, vessels become more leaky during
angiogenesis [1], inflammation [2], traumatic brain injury [3,4],
and neurodegenerative diseases [5,6]. Unfortunately, predicting
and understanding how bioactive reagents can modulate barrier
function remain a challenge.

Understanding how changes in brain endothelial cell archi-
tecture contribute to blood–brain barrier function can provide
insights into developing therapies to control its permeability
while allowing us to predict how harmful toxins can infiltrate
and disrupt the central nervous system. This is especially impor-
tant for emerging technologies, such as engineered nanomate-
rials (ENMs), which have seen increased use as potential thera-
peutics and food additives but have yet to be excluded as pos-
sible environmental toxicants [7–9]. Three types of increasingly
prominent ENMs are citrate-capped gold (AuNP), cerium dioxide
(CeO2), and silver-on-silica (Ag–SiO2) nanoparticles. While these
ENMs have been previously studied in terms of their poten-
tial pulmonary and cardiovascular toxicity upon inhalation as
well as their translocation through the blood–air barrier [10–12],
their biological effects at the blood–brain barrier remain largely
unknown. Furthermore, while some ENMs can be directly trans-
ported across the blood–brain barrier, ENMs can also disrupt
normal endothelial barrier function, leading to altered home-
ostasis and potentiating the transport of other neurologically
active agents or pathogens [13].

Current models of blood–brain barrier integrity often focus on
recreating multicellular interactions and complex tissue struc-
tures found in the neurovascular unit [14–16]. However, models
that comprise multiple cell types, microfluidic connections, and
complex manufacturing techniques are often lower through-
put and not amenable to rapid screening of drug or toxicant
response. Modifications in the morphology of individual cells
have been shown to be good predictors of tissue-level structure
and function [17]. Still, tissue-level models often lack the spa-
tial resolution or architectural control needed to quantitatively

determine cellular and subcellular responses, while heterogene-
ity in cell shape and contact geometries makes it difficult to
normalize structural features across multiple cells. Alternatively,
plate-based microfluidic models of the blood–brain barrier offer
rapid assessment of tissue permeability as an end-point mea-
surement [18], but such systems do not provide mechanistic
insight into how tissue structure influences barrier integrity. To
overcome these limitations, geometrically defined cell pairs and
microtissues have emerged as tools to probe tissue behavior
at the cellular level [19–21]. For example, cell pairs have been
used to study endothelial cell cohort migration [22], cardiac
myocyte coupling [23], and mechanical tugging of endothelial
cells [24]. Such platforms that rely on scalable soft lithography
are advantageous because they are amenable to multiplexing
and provide an opportunity for higher-throughput screening of
pharmacological agents. We recently developed a cell pair plat-
form to screen the effects of ENMs on vascular endothelial cell
structure and permeability [25]. Thus, we sought to expand upon
this platform to generate a microtissue model of the blood–brain
barrier and investigate the relationship between intracellular
and intercellular structures in endothelial cell pairs and tissue
permeability.

Here, we recreate the minimal tissue interaction in the blood–
brain barrier—two cells on a geometrically confined extracel-
lular matrix island—to predict changes in tissue permeability
based on cellular morphology and junction formation. We gen-
erated pairs of human brain microvascular endothelial cells
(HBMECs) using microcontact printing to deposit fibronectin in
hexagonal patterns to allow for analysis of multiple samples
from one coverslip. We treated cell pairs with pharmacological
agents known to induce changes in cellular structure and tis-
sue permeability to develop high- and low-permeability phe-
notypes. Using this platform, we showed distinct patterns of
nuclear shape, junction formation, and cytoskeletal organization
in high- and low-permeability conditions. We hypothesized that
high-permeability tissues were a result of increased cytoskeletal
tension, which was confirmed using traction force microscopy
of cell pairs. Finally, to assess the ability of this platform to
detect modifications of blood–brain barrier function under per-
turbation, we dosed endothelial cell pairs with ENMs (Au, Ag–
SiO2, and CeO2) and compared their structural organization to
predetermined high- and low-permeability states. This indicated
that some ENMs are capable of modulating barrier function,
which we confirmed using tissue-level barrier testing. Overall,
our data suggests the utility of an endothelial cell pair platform
to understand how changes in cellular architecture and tension
translate to modulation in blood–brain barrier permeability. By
adopting this approach, we hope to gain deeper mechanistic
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Figure 1. A minimalist model of the blood–brain barrier using brain microvascular endothelial cells. (A) Schematic of the cell pair concept. (B) Representative image of a

brain endothelial tissue; scale bar = 20 μm; red, VE-cadherin; green, actin; blue, DAPI. (C) Histogram of individual cell areas measured in confluent tissues; n = 282 cells;

(D) representative image of HBMEC cell pair; red, actin; green, VE-cadherin; blue, DAPI; scale bar = 20 μm. (E) Schematic of microcontact printing protocol.

insights into the impact of pharmacological agents and environ-
mental toxicants on blood–brain barrier function.

RESULTS

Controlling cell pair architecture using soft lithography

The blood–brain barrier is primarily composed of confluent
endothelial cells that form tight and adherens junctions between
cells to regulate paracellular transport into and out of the
brain [26]. Here, we used an established minimalist model
[25] that incorporates two cells to recapitulate this important
interaction in the blood–brain barrier (Fig. 1A). We used soft
lithography to microcontact print islands of extracellular
matrix and build geometrically controlled endothelial cell
pairs, thereby limiting the variability of cell structure while
enabling comparison between different test conditions [27].
To determine the appropriate size of each patterned cell, we
measured the surface area of confluent HBMECs and used VE-
cadherin immunostaining to delineate cell borders (Fig. 1B). We
found that the average cell area was 1683 ± 863 μm2 (mean ± SD;
n = 262 measurements) (Fig. 1C). We then developed an island
pattern that contained two adjacent hexagons with areas of
2500 μm2 each, 5000 μm2 total, selecting hexagonal cell islands
as they are the most common polygonal shape observed in
endothelial tissues [28]. Using polydimethylsiloxane (PDMS)
stamps with bihexagonal features, we patterned PDMS-coated
coverslips with fibronectin islands and seeded these substrates
with HBMECs (Fig. 1D-E). Using this method, we confirmed high-
fidelity printing of fibronectin islands and geometrical control of
cell pair architecture, thereby constructing a minimalist model
to probe the regulatory role of subcellular structures in blood–
brain barrier integrity.

Structural metrics to evaluate brain endothelial
cell pairs

To identify key structural features of the cell and cell–cell inter-
face that contribute to blood–brain barrier function, we treated
HBMEC cell pairs with pharmacological agents known to mod-
ulate endothelial structure and permeability. For each condi-
tion, cell pairs were cultured in growth media for 48 hours,
replenishing media 24 hours after seeding (Fig. 2A). For drug
treatment conditions, we dosed cell pairs with drugs that acti-
vate and inhibit the Rho pathway for 4 hours. Activation and
inhibition of the Rho pathway are both known to induce bar-
rier leakiness in endothelial culture [29]. We also dosed cell
pairs with a cAMP analog, 8-(4-chlorophenylthio) adenosine 3′-
5′-cyclic monophosphate, and a selective inhibitor of cAMP-
specific phosphodiesterase for 24 hours, which has been shown
to improve barrier function [30]. We then fixed and stained
untreated and treated cell pairs to visualize the nucleus, cell–
cell junctions, and cytoskeleton (Fig. 2B–E). To generate average
composite images for each condition, cell pairs were aligned
based on the geometry of the underlying fibronectin islands
(Supplementary Figs S1 and S2). Finally, we quantified changes
in nuclear morphology, junction area, and actin span to identify
unique structural phenotypes that map to tissue permeability.

Nuclear morphology is intimately linked to cell shape and
actin cytoskeleton organization and has been previously shown
to play an important role in regulating endothelial function and
vascular contractility [17,31]. As a result, we examined nuclear
morphology as a metric of barrier permeability. To quantify
nuclear shape and location within each pair, we measured
nuclear eccentricity and the distance between nuclei (Fig. 2F,
Supplementary Fig. S3). We expected to see nuclear elongation
in cell pairs that were under increased cytoskeletal tension,
i.e. Rho activation, with decreased internuclear distance as
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Figure 2. Assessment of nuclear, cytoskeletal, and junction protein morphology and localization in cell pairs. (A) Experimental timeline of culture and dosing procedure.

(B) Schematic of structural components evaluated; representative fluorescent images of untreated cell pairs and cell pairs dosed with Rho activator, cAMP, and Rho

inhibitor stained for (C) nuclei, (D) VE-cadherin, and (E) actin. (F–H) Quantification of structural metrics; (F) distance between nuclear centroids; (G) average VE-cadherin

junction area; (H) length of actin spanning the cell pair junction; n ≥ 24 cell pairs per condition; box = median ± quartiles; whiskers = 5 and 95 percentiles; ∗∗∗P < 0.001,
∗∗P < 0.01, and ∗P < 0.05 using Holm–Sidak method for multiple comparisons versus control.

the cytoskeleton draws nuclei toward the junction. However,
we observed nuclear elongation in both Rho activation and
inhibition (6 and 10%, respectively). Upon closer inspection, Rho
inhibition caused a 40% decrease in nuclear area along with a
41% increase in nuclear separation, indicating cell detachment

or apoptosis as a potential cause of nuclear deformation rather
than increased cytoskeletal tension (Supplementary Fig. S3B
and C). We expected and observed the opposite trend for
nuclear shape and localization in cAMP-treated cell pairs.
Nuclei in cAMP-treated pairs were rounder and further apart,
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suggesting either cytoskeletal rearrangement or relaxation that
relieved tension across the nucleus and potentially at cell–cell
junctions (Supplementary Fig. S2A). These differences in nuclear
eccentricity and area, as well as internuclear distance, provide
valuable metrics to evaluate cell shape and health that influence
barrier permeability.

To quantify structural integrity of endothelial junctions in
each cell pair, we measured the area of VE-cadherin in the
central region of each cell pair island. VE-cadherin is the primary
adhesion molecule that modulates attachment between brain
endothelial cells and therefore regulates barrier permeability
[32,33]. We expected to see an increase in cadherin area in
cAMP-treated pairs, as cAMP stabilizes junction adhesion to the
cytoskeleton [30]. cAMP-treated pairs showed a 55% increase in
VE-cadherin area at the cell–cell junction (Fig. 2G), as well as
increased cadherin expression throughout the cell pairs (Supple-
mentary Fig. S2B). Cell pairs treated with Rho activator showed
little change in junction area, while those treated with Rho
inhibitor exhibited a more heterogeneous response. Some Rho-
inhibited pairs had intact or unchanged cell–cell junctions, while
others had diminished junction staining between cells with
severely retracted cell bodies (Fig. 2D). Differential junction size
as measured by the area of cadherin staining at the cell–cell
junction provides a promising metric of barrier integrity to infer
paracellular permeability.

The organization of the actin cytoskeleton contributes to
nuclear morphology and junction size, as actin filaments bind to
adhesion proteins at cell–cell and cell-matrix contacts and reg-
ulate cell architecture and barrier function [34]. To observe actin
cytoskeleton in the cell pairs, we stained for f-actin filaments
using a phalloidin stain (Fig. 2E). Untreated control cell pairs
showed a variety of actin polymerization patterns, with both
stress fibers that span the cell and cortical rings that localize to
the cell border. We expected to see differences in actin organiza-
tion in each treatment group, shifting either toward more stress
fiber generation or cortical actin stabilization. As expected, Rho
activation induced a hyper-polymerization of stress fibers that
span the cell body, while cAMP treatment reduced stress fiber
formation and stabilized cortical rings. Rho inhibition induced a
loss of both stress fibers and cortical actin, with actin stain local-
izing to the perinuclear region of collapsed cell bodies. We aver-
aged the distribution of actin across the vertical and horizontal
axes of each cell pair condition and confirmed increased cortical
actin in cAMP-treated, stress fiber formation in untreated and
Rho-activated pairs and reduced actin content in Rho-inhibited
pairs (Supplementary Fig. S4). Interestingly, we also observed
differences in width of actin staining across the cell–cell junction
or center of the vertical axis, despite constraining geometries
with fibronectin islands. This junction span increased by 20%
in cAMP-treated pairs, extending past the central width of the
patterned island, while Rho inhibitor-treated cell pairs were 38%
thinner at the junction (Fig. 2H). By analyzing actin organiza-
tion within each cell pair, we gain insight into the cytoskeletal
integrity of each cell, which is suggestive of potential to form
stable barriers.

Collectively, these quantitative metrics capture key features
of intercellular and subcellular structures in our cell pair plat-
form that have been shown to contribute to brain endothelial
tissue homeostasis and barrier permeability. Next, we measured
the effects of each pharmacological agent on barrier permeabil-
ity and compared these results to the structural phenotypes
observed in each group at the cell pair level. In doing so, we
sought to identify metrics that correlate directly to barrier per-
meability and to assess the ability of our platform to serve

as a predictive tool for screening pharmacological agents that
perturb barrier function.

Mapping cell pair structural metrics to tissue-level
structure and permeability

To evaluate the barrier function of endothelial tissues with and
without pharmacological agents, we measured the transport
of 1.2-kDa fluorescent particles during static diffusion across
cultured endothelial barriers. In this experiment, HBMECs were
grown to confluence in Transwell culture dishes for 3–4 days.
Confluent tissues were treated with cAMP for 24 hours or with
a Rho activator or inhibitor for 4 hours (Fig. 3A). To measure
permeability, fluorescent tracers were added to media in the top
insert and were allowed to diffuse across the barriers for 30 min-
utes. Fluorescent intensities of the media collected from the
top insert and bottom well were used to calculate permeability
coefficients before and after exposure. These coefficients were
then normalized to the untreated condition to find the percent
change in permeability (Fig. 3B). HBMECs treated with both Rho
activator and inhibitor showed an increase in permeability coef-
ficients and barrier leakiness (∼100 and 200% increases, respec-
tively). Conversely, treatment with cAMP decreased permeabil-
ity and increased barrier function by ∼44%. Collectively, these
conditions represent a range of endothelial tissue permeabilities,
allowing us to map their respective cellular structures to barrier
function or leakiness.

To determine the cellular characteristics that contribute most
to tissue function, we performed principal component (PC) anal-
ysis (PCA), generating biplots of each condition and the mea-
sured variables (Fig. 3C). The first two PCs account for 90.4% of
the variation observed in the data. This analysis showed that
cAMP and Rho-inhibited pairs were distinct from each other
and untreated cell pairs, but Rho-activated pairs were similar
to untreated controls with respect to the PCs. Analysis of cell
pair characteristics show that nuclear eccentricity is positively
correlated with barrier permeability such that nuclear elon-
gation is associated with more barrier leakiness. Furthermore,
size of the cell–cell interface, including junction span and area,
was negatively correlated with change in barrier permeability;
reduction of junction area and span is mapped to more barrier
leakiness. Taken together, this analysis allows us to establish
a structural phenotype for chemically induced high- and low-
permeability endothelial tissues that can be used to probe under-
lying mechanisms of barrier function and screen potentially
bioactive reagents in a high-throughput manner.

Based on these observations, we sought to further probe
the contribution of cell and tissue structure in the resulting
high- and low-permeability states. We selected cAMP-treated
tissues as representative for the low-permeability condition
and untreated tissues in normal growth medium as the high-
permeability condition. Then we further tested their functional
phenotypes by evaluating barrier permeability over extended
culture times, observing a sustained 40% improvement in barrier
function in the cAMP-treated condition over the course of 3
weeks (Fig. 3D). To assess the tissue organization of high- and
low-permeability states, we stained confluent endothelial tis-
sues for the actin cytoskeleton and VE-cadherin (Fig. 3E). Similar
to the trends observed in cell pairs, we observed more cortical
actin rings in low-permeability tissues and more stress fibers in
high-permeability tissues. Staining for junction proteins showed
that low-permeability tissues had more VE-cadherin localization
to the cell–cell junction compared to more diffuse staining in
the high-permeability case. Western blot analysis of additional
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Figure 3. Mapping structural metrics to barrier function. (A) Experimental timeline of barrier testing protocol, which schematic of fluorescent tracer transport across

a Transwell barrier tissue. (B) Quantification of HBMEC barrier function in untreated and treated tissues, reported as percent change in permeability coefficients, P, or

1.2-kDa tracers relative to untreated controls; n = 7+ wells per condition; box = median ± quartiles; whiskers = 5 and 95 percentiles; ∗∗∗P < 0.001 for Holm–Sidak methods

for multiple comparisons versus control. (C) PCA biplot containing average projection for each condition and impact of each measured variable. (D) Extended barrier

experiments for untreated and cAMP-treated tissues, reported as permeability coefficients of 1.2-kDa tracers measured every 2 days over 21 days in culture; n = 12 wells

per condition; mean ± standard deviation. (E) Immunohistochemistry of untreated and cAMP-treated tissues at day 10. blue, DAPI; white, actin; green, VE-cadherin;

scale bar = 50 μm. (F) Cell shape index for high- and low-permeability tissues; n ≥ 300 cells per condition; ∗∗∗P < 0.001 for Mann–Whitney rank sum test.

junction proteins confirmed that low-permeability tissues
expressed almost twice as much VE-cadherin (Supplementary
Fig. S5). Finally, we noted each condition showed unique cellular
organization within the tissues. Low-permeability tissues had
more rounded or cobblestone-like cell shape, whereas high-
permeability tissues had more elongated cells that appeared
more motile.

To quantify structural differences in the confluent tissues, we
measured differences in cell area and cell shape using thresh-
olded images of VE-cadherin to identify cell borders (Supple-
mentary Fig. S6). Reports have shown that epithelial tissues
undergo a morphological transition from a fluid-like state to a
solid, or jammed, state when a major phenotypic switch occurs,
such as during development or the transition from a healthy
to a pathological state [35]. Jammed cells are more round and
non-motile relative to each other (low cell shape index), while
unjammed cells adopt a more elongated shape as they flow
or migrate through the tissue (high cell shape index) [36]. Both
high- and low-permeability tissues had a cell shape index above
a predefined jamming transition of 3.81 (normal = 4.86 ± 0.62;
cAMP = 4.71 ± 0.47; mean ± SD) indicating that neither of the two
tissues are completely jammed (Fig. 3F). However, we observed
a lower cell shape index in low-permeability tissues, trending
toward the liquid-to-jammed transition. This suggests that low-

permeability tissues are relatively stable compared to the high-
permeability tissues and that the cellular organization within
tissues contributes to barrier permeability.

The role of tension in high- and low-permeability
cell pairs

Based on the structural observations in high- and low-
permeability cell pairs and tissues, we hypothesized that
tension across the cell–cell junction may contribute to the
barrier leakiness. To understand the molecular contributors
associated with increased tension in our cell pairs, we exam-
ined both focal adhesion complexes and myosin light chain
expression, which work concertedly with actin to regulate force
transmission, cell motility, and barrier permeability (Fig. 4)
[37–40]. Vinculin focal adhesion staining was localized to the
cell periphery in both high- and low-permeability cell pairs
(Fig. 4A, Supplementary Fig. S7A). Focal adhesions in high-
permeability pairs were elongated and aligned toward the cell–
cell junction, whereas focal adhesions in low-permeability cell
pairs were more punctate. We also observed an increase in
myosin light chain that was colocalized with actin stress fibers
in high-permeability cell pairs (Fig. 4B, Supplementary Fig. S7B),
indicating activation of the contractile apparatus. Importantly,
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Figure 4. Using cell pair platform to evaluate differences in contractile state of high- and low-permeability cell pairs. (A) Representative fluorescent images of vinculin

staining in high- and low-permeability cell pairs. (B) Representative fluorescent images of myosin light chain staining in high- and low-permeability cell pairs. (C)

Traction stress maps of high- and low-permeability cell pairs; scale bar = 20 μm. (D) Focal adhesion area excluding the nuclear area mask for high- and low-permeability

cell pairs; n ≥ 14; mean ± SEM. (E) Average strain energy of control and cAMP-treated cell pairs. (F) Maximum traction generated by each cell pair; n ≥ 17; mean ± SEM;
∗P < 0.05 and ∗∗∗P < 0.001 for two-sample t-test.

similar expression patterns were observed in high- and low-
permeability tissues (Supplementary S7C). Quantification
of positive vinculin staining outside the nucleus showed
increased focal adhesion formation in high-permeability pairs
compared to low-permeability pairs (control = 175 ± 8 μm2,
cAMP = 148 ± 7 μm2, mean ± SEM) (Fig. 4D). Taken together,
increases in focal adhesion complexes and myosin light chain
activation further suggested an increase in cell contractility and
tension across the cell pair.

To evaluate the relationship between tissue permeability and
intercellular tension, we performed traction force microscopy
on cell pairs prepared on soft hydroxy-polyacrylamide (PAAm)
hydrogels with embedded fluorescent beads (Young’s modulus =
8.7 kPa). By measuring the displacement between the beads
before and after trypsinization, we generated a map of
traction stresses generated by cell pairs in the high- and low-
permeability states. Typical maps for high- and low-permeability
cell pairs show that stresses localized to the cell periphery,
with high-permeability cell pairs generating more force than
low-permeability pairs (Fig. 4C). The integration of the traction
stresses over the surface area occupied by each cell pair also
shows higher strain energies in high-permeability cell pairs
(Fig. 4E). On average, high-permeability pairs generated larger
traction stresses and more strain energy (3.2 ± 0.65 kPa and
0.59 ± 0.13 pJ, mean ± SEM, n = 17), compared to low-permeability
pairs (1.6 ± 0.33 kPa and 0.21 ± 0.10 pJ, mean ± SEM, n = 26)
(Fig. 4E and F). These results suggest that high-permeability
cell pairs are more contractile than low-permeability cell pairs,

indicating that intercellular tension plays an important role in
regulating brain endothelial barrier function.

Screening brain endothelial cell pair response to
ENM exposure

To test the ability of our platform to detect organizational alter-
ations in response to potential toxicants, we exposed brain
endothelial tissues and cell pairs to a variety of ENMs. ENMs
are increasingly used in commercial products and biological
therapies [41], but their potential to induce endothelial toxic-
ity or manipulate blood–brain barrier permeability is not well
understood. As a result, there is still a need for improved in
vitro methods to study the toxicity of these materials, making
them ideal candidates to evaluate using this cell pair system. We
selected 18-nm AuNP as an inert control [42], 10% 7-nm silver
supported on 10-nm silica (Ag–SiO2) as an engineered compos-
ite known to disrupt cell integrity [43], and 10-nm CeO2 as a
test nanoparticle that is currently being studied as a potential
treatment for neurodegenerative disorders [44]. We evaluated
the structural phenotype of both cell pairs and confluent tis-
sues exposed to these ENMs at a concentration of 10 μg/mL
dispersed in cAMP media, a concentration at the lower end of
typical metal and metal oxide nanoparticle toxicology studies
[45, 46], and compared them to cAMP-treated cell pairs as a
control. Finally, we evaluated our minimalist predictive model
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by measuring the permeability coefficients of endothelial mono-
layers that underwent the same ENM exposure conditions as the
cell pairs.

To assess potential disruptions in subcellular organization,
we measured nuclear morphology and localization, cadherin
junction area, and actin organization in cAMP-treated controls
and ENM-exposed cell pairs (Fig. 5A–C and Supplementary Fig.
S8). Composite images of the nuclei show minimal differences
between ENM-treated pairs and the controls (Fig. 5A), and the
quantified nuclear distances were also similar (Supplementary
Fig. S8B). Composite images of VE-cadherin composites show
differences in expression in exposures groups. Ag–SiO2-treated
pairs had reduced cadherin staining overall, while CeO2-treated
pairs showed an increase in nuclear cadherin intensity (Fig. 5B,
Supplementary Fig. S8C). The quantification of VE-cadherin area
shows a significant decrease in junction size for Ag–SiO2-treated
pairs but no change in junction span (Supplementary Fig. S8D
and E). Finally, actin composites show some remodeling in Ag–
SiO2- and CeO2-treated cell pairs (Fig. 5C), where the ratio of
cortical actin intensity to centralized actin intensity increased
in CeO2-treated pairs (Supplementary Fig. S8F). One explana-
tion for the variation in structural changes observed in Ag–
SiO2-treated and CeO2-treated cell pairs is differences in oxida-
tive stress within the cell. Silver nanoparticles readily gener-
ate reactive oxygen species [47], while nanoceria can act as
radical-mediated antioxidant (Supplementary Fig. S9A–C). In Ag–
SiO2-treated HBMECs, we found that oxidative stress doubled
when compared to cAMP-treated controls, while CeO2-treated
HBMECs remained unchanged. Importantly, these differences
in reactive oxygen species generation and subsequent cellu-
lar oxidative stress can lead to impaired actin polymerization
in vitro [48].

We also compared structural changes in confluent tissues
treated with ENMs (Supplementary Fig. S8A). In confluent
tissues, the cell shape index decreased in both AuNP- and
Ag–SiO2-treated tissues, suggesting a decrease in cell motility
and an increase in tissue jamming (Supplementary Fig. S8H).
However, Ag–SiO2-treated samples also showed a modest
decrease in average cell area (13% reduction compared to cAMP-
treated) (Supplementary Fig. S8I). To test if this was a result of
cell retraction due to cell death, the mitochondrial reductase
activity of cells treated with nanoparticles was measured
using a colorimetric assay (Supplementary Fig. S9D). ENM-
treated samples displayed similar activity as untreated controls,
indicating that cell proliferation and viability were unchanged.
Together, the structural characteristics at the pair and tis-
sue level predict more barrier leakiness in Ag–SiO2-treated
tissues and potential barrier improvement in CeO2-treated
tissues.

Finally, we evaluated the barrier function of HBMECs treated
with AuNP, Ag–SiO2, and CeO2 (Fig. 5D) using the permeability
coefficient of a 1.2-kDa fluorescent tracer. We observed 238%
increase in permeability for Ag–SiO2-treated tissues and a 22%
decrease in permeability for CeO2-treated tissues compared to
controls. These changes in tissue function map to the combined
structural metrics we observed at both the cell and tissue level.
To quantitatively compare the similarity between ENM-treated
and control tissues, we calculated a similarity index based on
Hellinger distances (Fig. 5E) as previously used to assess the
outcome of stem cell therapies of myocardial infarction [49],
wound healing efficacy [50,51], and ENM cytotoxicity [25]. For this
index, a score of 100 indicates identical distributions and a score
of 0 indicates no similarity. The combined score for AuNP-treated
cells and tissues was 98.4, which is very similar to untreated

controls. Both Ag–SiO2- and CeO2-treated groups showed a
decrease in similarity, with scores of 85.2 and 89.2, respectively.
We also repeated the PC analysis using the nanoparticle-
treated groups and found that junction span and junction
area were similarly correlated with barrier permeability, while
nuclear eccentricity was less correlated than in the previous
pharmacological studies (Supplementary Fig. S8G). In summary,
we found that CeO2 and Ag–SiO2 nanoparticles induced mild to
moderate changes in brain endothelial cell pair structure that
map to similar differences in barrier permeability.

DISCUSSION

In this study, we evaluated the response of the blood–brain
barrier to drug and toxicant exposure by relating the structural
changes in geometrically confined brain endothelial cell pairs
to monolayer tissue permeability. We identified structural char-
acteristics of HBMEC cell pairs and tissues treated with a vari-
ety of pharmacological agents that influence cell structure and
tissue permeability. We investigated the contribution of cellular
tension in regulating barrier function by performing traction
force microscopy of high- and low-permeability cell pairs on soft
deformable substrates. Finally, we assessed the structural and
functional impact of ENM exposure on HBMEC cell pairs and
tissues, further demonstrating the utility of this cell pair model
to screen and predict the effects of bioactive agents on brain
endothelial function.

Using pharmacological agents that modulate the cytoskele-
ton and endothelial barrier function, we found that HBMEC
tissue permeability is regulated by the structure of intra- and
intercellular components that coordinate tension within and
between cells. We suggest that one mechanism of barrier dis-
ruption is a result of increased cellular tension and associated
cytoskeletal remodeling, which leads to a decrease in cell–cell
junction integrity and increase in barrier permeability (Fig. 6).
Previous studies have shown that mechanical forces on the cell
can actively deform the nucleus via the cytoskeleton, where
nuclear elongation occurs concomitantly with actin stress fiber
formation [52,53]. Similarly, here we demonstrated that high-
permeability cell pairs had more elongated nuclei, reduced inter-
nuclear distance, and an increase in actin stress fiber formation.
In addition to this cytoskeletal remodeling, high-permeability
cell pairs showed activation of contractile actin–myosin machin-
ery and reinforcement of focal adhesions at the cell-matrix
interface, suggestive of increased cytoskeletal tension. Traction
force microscopy of cell pairs confirmed increased tension in
high-permeability cell pairs, which translates to increased stress
at the cell–cell junction. We have previously shown that coor-
dinated remodeling of cell-matrix and cell–cell adhesions is
necessary to balance forces between coupled cardiac myocytes
and their underlying matrix in order to achieve structural and
electro-mechanical coupling [23,54]. In the brain microvascular
cell pairs presented here, the absence of cooperative remodel-
ing of cell–cell adhesions to compensate for additional stress
at the junction led to weakened intercellular junctions and
barrier leakiness. Our experiments suggest that lower perme-
ability and lower traction cell pairs have larger cadherin junc-
tions than high-permeability pairs, which is consistent with
previous reports that indicate intracellular cAMP stabilizes VE-
cadherin–mediated adhesions between cells and cortical actin
that improves endothelial barrier function [30]. Additionally,
we observed adherens junction assembly and disassembly in
HBMECs that was consistent with the remodeling previously
reported in pulmonary artery endothelial cells in high and low
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Figure 5. Structural and functional response of brain endothelial cell pairs and tissues to ENM exposure. HBMEC cells were cultured in cAMP media and exposed to gold

nanoparticles (AuNP); silver nanoparticles suspended in nano-silica (Ag–SiO2), and nanoceria (CeO2) for 24 hours. (A–C) Composite images of untreated and ENM-treated

pairs stained for nuclear, junction, and cytoskeletal proteins; pixel intensities normalized per stain on a scale of 0 to 1; scale bar = 20 μm. (D) HBMEC barrier function

in response to ENM exposure; n = 8 samples per condition; mean ± SEM; ∗∗∗P < 0.001 for Holm–Sidak test for multiple comparisons versus control. (E) Similarity index

map of structural metrics measured in HBMEC tissues and cell pairs, comparing characteristics of ENM-treated conditions to cAMP-treated controls. The similarity

index applies a modified Hellinger distance formula to compare the probability distributions of each measurement, where 0 represents complete dissimilarity and 100

represents identical distributions.

stress regimes [24]. Taken together, these results suggest an
optimal balance of inter- and intracellular stresses that regulate
vascular permeability.

When examining the structural metrics in HBMEC cell pairs
exposed to ENMs, we were able to detect intracellular and
intercellular changes that mapped to differences in tissue-
level function. In our negative nanoparticle treatment control,
AuNP-treated cell pairs showed minimal disruptions in brain
endothelial cell morphology and permeability, which was con-
sistent with previous experiments in HBMECs [55]. In our positive
nanoparticle treatment control, Ag–SiO2-treated pairs showed

severe disruption of VE-cadherin junction expression, but only
minimal changes were observed in cytoskeletal organization.
While certain nanoparticles can induce actin rearrangement
and barrier dysfunction like the tension-mediated mechanism
described above [56], our results suggest that Ag–SiO2 particles
reduced barrier permeability through a mechanism independent
of cellular tension (Fig. 6). An alternative explanation for Ag–
SiO2-mediated barrier disruption could be direct interference
of cell–cell junctions, as select metal nanoparticles can
interfere with homophilic interactions between VE-cadherin
adhesions [57].
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Figure 6. Summary of structural and functional changes observed in stable and leaky HBMEC tissues (center panel). Relaxed cytoskeletal tension confers a more

stable cellular phenotype—marked by round nuclei, punctate focal adhesions, and intact cortical actin—leading to stabilized cell–cell junctions and reduced barrier

permeability in cAMP-treated brain endothelium. (A) Reduction of cytoskeletal and cadherin expression and cell retraction leads to destabilized cell–cell junctions,

thereby reducing junction integrity and increasing barrier leakiness, such as in the case of Rho inhibition and Ag–SiO2 exposure. (B) Increased cytoskeletal tension—

marked by increase in traction forces, nuclear eccentricity, focal adhesion area, and stress fiber generation—leads to a decrease in cell–cell junction integrity and

increase in barrier leakiness, as observed in Rho activation and untreated HBMECs.

In the test case of nanoceria exposure, we were interested to
see if CeO2 nanoparticles could improve HBMEC structure and
function as it is currently being researched as a potential ther-
apeutic for neurodegenerative diseases [58]. It is hypothesized
that the antioxidative capacity of CeO2 reduces cellular oxidative
stress within the tissue, thereby improving barrier function. In
our experiments, CeO2-treated pairs and tissues showed slight
improvements in barrier function and increase in actin and
VE-cadherin staining. Based on the structural and functional
metrics measured, CeO2-treated cell pairs had lower similarity
indexes like Ag–SiO2-disrupted cell pairs when compared to
cAMP-treated controls. This is because our model assumes that
any deviation from the cAMP-treated control state represents
disruption to homeostasis, independent of whether the out-
come is positive or negative. While this is an acceptable met-
ric for determining toxicant risk, when determining drug effi-
cacy intending to improve barrier function, it may be preferable
to modify the index to signify whether a test agent improves
or disrupts the function of the cells. Nevertheless, these find-
ings demonstrate the utility of this minimalist model to detect
changes in blood–brain barrier function using structural features
of cell pairs.

In conclusion, we studied inter- and intracellular structures
that manipulate blood–brain barrier permeability in response
to chemical or toxicant exposure. Specifically, we used a
micropatterning approach to recapitulate cell–cell interactions
in the blood–brain barrier and identified key structural metrics
involved in cellular remodeling as the cells transition from
a high- to a low-permeability state. We observed changes
in nuclear morphology, junction formation, and cytoskeletal
organization that suggest brain endothelial barrier permeability
is regulated in part by the contractility and tension between
the junctions of adjacent cells. Finally, using the pair model, we
detected changes in endothelial cell morphology and junction

formation in response to ENM exposure, which mapped to
alterations in barrier function at the tissue scale. Together,
these findings shed light on the role of cellular tension in
mediating brain endothelial permeability using a cell pair
model. As a result, this platform can provide a path forward
for higher-throughput preclinical research, disease modeling, or
environmental exposure toxicity studies.

METHODS

PDMS substrate preparation

Glass coverslips were cleaned by sonicating in a 70% ethanol/wa-
ter solution for 15 minutes. PDMS (Sylgard-184, Dow Corning, MI,
USA) was mixed at a 10:1 mass ratio of base and curing agent,
degassed using a Thinky Mixer (Planetary Centrifugal Mixer AR-
100, Thinky, CA, USA), and spin-coated on to coverslips (G3P8
Specialty Spin Coater; SCS Inc., IN, USA). PDMS-coated coverslips
were cured overnight in a 65◦C oven before use.

Hydroxy-polyacrylamide gel preparation

Hydroxy-polyacrylamide-coated coverslips were prepared as
previously described [59]. Briefly, we mixed 400 μL of 40%
acrylamide solution (BioRad, CA, USA), 250 μL of 2% N, N′-
methylenebisacrylamide solution (Sigma, St Louis, MO, USA),
65 mg of N-hydroxyethylacrylamide (Sigma, St Louis, MO,
USA) dissolved in 1 mL of 50 mM (4-(2-hydroxyethyl)-1-
piperazineethanesulfonic acid (HEPES, Sigma, St Louis, MO,
USA), and 3410 μL of HEPES 50-mM buffer. The mixture was
degassed for at least 30 minutes under vacuum. About 30 μL
of 0.2-μm red fluorescent microbeads (ThermoFisher Scientific,
Waltham, MA, USA) were dispersed in the mixture immediately
before polymerization. The polymerization was initiated by
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addition of 2.5 μL of N, N,N′, N′-tetramethylethylenediamine
(TEMED, ThermoFisher Scientific, Waltham, MA, USA) and
25 μL of ammonium persulfate (100 mg mL-1 solution in
ultrapure water, Sigma, St Louis, MO, USA). About 20 μL drops of
polymerizing solution were sandwiched between an activated
18-mm-diameter glass coverslip, previously treated for 1 hour
with 3-(-trimethoxysilyl)propyl methacrylate (Sigma, St Louis,
MO, USA), and a 25-mm-diameter coverslip exposed to UV ozone
for 7 minutes. The gels were polymerized for 30 minutes, and
the two coverslips were separated under water using a flexible
razor blade. Coverslips were rinsed in sterile water and stored in
PBS until use.

Photo- and soft lithography

Polymer stamps were manufactured using standard photolitho-
graphic protocols, as previously described [60]. A photolitho-
graphic mask was designed with hexagonal cell pair features
with a regular side length of 31 μm (Output City Bandon, OR,
USA). Silicon wafers (76-mm diameter) were spin-coated with a
layer of negative photoresist, SU-2002 (MicroChem Corporation,
Westborough, MA, USA). After baking, coated silicon wafers were
exposed to UV light through the photolithographic mask for 7–
10 seconds. Subsequently, the regions not exposed to UV light
were washed away using a development solution, and wafers
were cured by baking at 180◦C for 30 minutes. The etched wafer
served as a negative template for manufacturing stamps, where
PDMS was poured over the template, degassed, and allowed to
cure overnight at 65◦C. Cured PDMS was removed from the wafer
and cut into rectangular stamps.

To direct cellular growth along the cell pair geometry,
extracellular matrix proteins were microcontact-printed on
PDMS and hydroxy-PA-treated coverslips using previously
published methods [27,59]. Briefly, PDMS stamps were incubated
with 50 μg mL-1 human fibronectin (BD Biosciences, Woburn, MA,
USA) in sterile water for 1 hour. Excess fibronectin solution was
removed from the stamp using compressed air, and the stamp
was carefully applied to either the activated PDMS surface for
2 minutes or to the dried hydroxy-PAAm for 1 hour. After careful
removal of the PDMS stamp, PDMS coverslips were incubated
with 1% Pluronics F137 (BASF, Germany) for 5 minutes to prevent
cell adhesion around the printed geometries. Both PDMS and
hydroxy-PAAm coverslips were rinsed with PBS and stored
hydrated until cell seeding.

HBMEC cell culture

Primary HBMECs (Cell Systems, Kirkland, WA, USA) were
cultured in growth media consisting of Complete Classic
Medium with 10% serum supplemented with CultureBoost and
BaccOff (Cell Systems, Kirkland, WA, USA). Upon receipt, cells
were thawed and expanded in T-75 culture flasks (Corning,
Tewksbury, MA) treated with Cell Attachment Factor (Cell
Systems, Kirkland, WA, USA) at 37◦C for 30 minutes. For cell
passage and seeding, cells were rinsed three times with warm,
sterile PBS (ThermoFisher Scientific, Waltham, MA, USA) and
dissociated using warm 0.05% Trypsin-EDTA (ThermoFisher
Scientific, Waltham, MA, USA). Cells were neutralized in warm
media and centrifuged at 200 g for 5 minutes. The subsequent
cell pellet was resuspended in 1 mL culture medium, counted,
and seeded at various densities depending on the experiment,
ranging from 5000 to 10 000 cells cm-2. Cells were used for
experiments between passage 3 and 8.

Cell pair assay with cytoskeletal-modulating drugs
and ENMs

Cell pair experiments with cytoskeletal-modulating drugs were
performed over the course of 48 hours. Cells were initially
seeded in growth media, and media were replenished after
24 hours. Drug treatments were added either 24 or 4 hours
before fixation. To induced elevated intracellular cAMP, pairs
were treated with 125 μM 8-(4-chlorphenylthio) adenosine
3′5′-cyclic monophosphate (8-CPT-cAMP) (ABCAM, Cambridge,
MA) and 17.4 μM RO-20-1724, a selective inhibitor of cAMP-
specific phosphodiesterase (Santa Cruz Biotechnology, Dallas,
TX, USA) for 24 hours. For the activation and inhibition of the
Rho pathway, 1 μM Rho activator II and 0.1 μM of Rho inhibitor
I (Cytoskeleton Inc., Denver, CO) was added 4 hours prior to
fixation. Cell pair experiments with ENMs took place over the
course of 72 hours. Cells were seeded in growth media and
treated with cAMP media after 24 hours. At 48 hours, ENMs were
added to fresh cAMP media and incubated for an additional
24 hours prior to fixation on Day 3.

Immunohistochemistry

HBMECs were washed gently with 37◦C PBS and fixed with warm
2% paraformaldehyde diluted in PBS (v/v, Electron Microscopy
Sciences, PA, USA) for 15 minutes. HBMECs were then perme-
abilized with 0.05% Triton X-100 (v/v, Sigma, MO, USA) in PBS
for 10 minutes at room temperature. Fixed samples were rinsed
with PBS three times before incubating with a mixture of 5%
bovine serum albumin (w/v, West Grove, PA, USA) for 30 minutes
at room temperature. Samples were rinsed three times with
PBS and incubated with 1:200 primary antibody dilutions for
45 minutes at 37◦C. See Supplementary Table S1 for complete
list of primary antibodies and sources. Samples were rinsed
three times with PBS and incubated with a secondary antibody
solution consisting of 1:200 dilutions of Alexa Fluor 488 or 546-
conjugated goat anti-mouse or anti-rabbit IgG (H + L) cross-
adsorbed secondary antibodies, DAPI, and Alexa Fluor 633 Phal-
loidin (ThermoFisher, CA, USA) for 90 minutes at 37◦C. Samples
were rinsed three times in PBS, dried, and mounted on glass
slides with ProLong Gold Antifade Mountant (ThermoFisher, CA,
USA). Fluorescence microscopy was performed using a scanning
disc confocal microscope (Olympus, Waltham, MA, USA) using a
20x (UPLSAPO20X) objective at room temperature.

Quantitative analysis of cell pair structural parameters

Cell pair image analysis was performed using FIJI, a distribution
of ImageJ. Prior to subcellular metric analysis, each cell pair was
centered and aligned based on the location of the fibronectin
pattern (Supplementary Fig. S1). Uniform background subtrac-
tion and auto-contrasting were applied across stacks of cell
pairs before creating composite images that depict the average
staining intensity for each protein of interest (Supplementary
Fig. S2). Pixel intensities were mapped to a Rainbow lookup table,
where gray depicts saturated pixels. Nuclear area, eccentricity,
and location were measured using ‘analyze particles’. Nuclear
distance was determined by calculating the distance between
nuclear centroids in each cell pair (Supplementary Fig. S3). Actin
distribution was measured by taking the average intensities at
the cell–cell junction and across the entire length of the cell pair
for vertical and horizontal distribution (Supplementary Fig. S4).
Actin span across the junction was determined by measuring the
maximum and minimum y-values of thresholded actin stain at
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the cell junction. Average actin intensity inside the central region
of each cell (0–15 μm from the center of each hexagon) and at
the periphery (15 μm to pair mask border) was used to calcu-
late a cortical actin ratio (peripheral intensity/central intensity).
VE-cadherin area was determined by thresholding images and
summing the total area of particles near the junction. Nuclear
cadherin intensity was quantified by measuring the average VE-
cadherin staining intensity within each nuclear mask. Similarly,
vinculin area was determined using thresholded areas outside
of the nucleus. Custom ImageJ macros used for image analysis
are available from the authors upon request.

Barrier permeability assay

Transwells (12 well polycarbonate inserts, 0.4-μm pore size,
Corning, Tewksbury, MA, USA) were exposed to UV ozone
for 7 minutes and incubated with human fibronectin (BD
Biosciences, Woburn, MA, USA) at 50 μg mL-1 for 2 hours at
room temperature. The wells were rinsed three times with
PBS. HBMECs were seeded at a density of 40 000 cells per well
(∼35 000 cells cm-2) in normal growth medium. The medium was
exchanged 24 hours after seeding and every 48 hours thereafter.
Barrier permeability was evaluated by measuring transport
of fluorescent molecules from the top insert to the bottom
well. Fluorescent media was prepared by adding 1 μL mL-1

of 1 mg mL-1 Alexa Fluor 555 conjugated carboxylic acid in
DMSO (ThermoFisher Scientific, Waltham, MA, USA) to cAMP
media. About 500 μL of fluorescent media was added to the top
insert, with 1500 μL of cAMP media in the bottom compartment.
Samples were equilibrated for 30 minutes at 37◦C before 200 μL
samples from the top and bottom compartment were transferred
to a 96-well plate. Fluorescent intensity was quantified using
a plate reader (BioTek, Winooski, VT, USA), and permeability
coefficients were calculated using the following equation:

P = CBV
CTAt

(1)

where CB is the concentration in the bottom compartment, CT

is the concentration in the top insert, V is the volume of the
bottom insert, A is the surface area of the Transwell insert, and t
is the incubation time of the experiment. Permeability measure-
ments were performed before cell seeding and before and after
exposure for exposure assays and every day for extended culture
experiments.

Cell shape index

Images of endothelial VE-cadherin and nuclear staining were
processed to identify cell borders to delineate cell size and
shape. Analysis was performed in ImageJ, where background
subtraction filters and auto-contrast functions were applied.
Cadherin stains were thresholded and skeletonized, and nuclei
were used to identify the center of each cell (Supplementary
Fig. S6). Skeletonized areas without a nucleus were excluded
from calculations. Using ImageJ ‘analyze particles’, the area and
perimeter of each cell were recorded and used to calculate a cell
shape index that characterizes the jammed state of the tissue as
previously defined [36]. The cell shape index is given by

I = p√
A

(2)

where p is the cell perimeter and A is the cell area. Jammed
tissues approach a cell shape index of 3.72, the theoretical value
for all pentagonal cells, while unjammed tissues have greater
cell shape indices.

Protein isolation and western blot

Protein was isolated from HBMEC tissues by lysing cells at 4◦C
in radioimmunoprecipitation assay lysis buffer (Sigma-Aldrich,
St Louis, MO, USA) plus Complete Mini (Roche, Indianapolis,
IN, USA). A capillary-based Wes Simple Western system
(ProteinSimple, San Jose, CA, USA) was used to quantify protein
expression levels according to the manufacturer’s protocol. In
brief, 0.5-μg lysate samples were loaded into each capillary,
and proteins were separated by size in the separation matrix.
Target junction and adhesion proteins were identified with the
following primary antibodies: PECAM-1, VE-cadherin, Claudin-
5, Vinculin, and focal adhesion kinase. See Supplementary
Table S1 for antibody sources. GAPDH was used as a loading
control to normalize expression levels in each sample. The
proteins were immunoprobed using mouse and rabbit secondary
antibodies and chemiluminescent substrates provided by the
manufacturer. Chemiluminescent signals were detected and
quantified using Compass Software (ProteinSimple).

Traction force microscopy

Traction force microscopy was performed as previously described
[61]. Briefly, HBMECs were seeded at a density of 6500 cells cm-2

on patterned hydroxy-pAAm gels embedded with fluorescent
beads. Culture medium was exchanged with growth or cAMP
media 24 hours after seeding, and experiments were performed
on Day 3. Differential contrast images of the cell pairs and fluo-
rescent images of suspended microbeads were taken before and
after cell detachment using 0.05% Trypsin-EDTA (ThermoFisher
Scientific, Waltham, MA, USA). Bead displacement between the
two images was used to calculate a traction stress field using
constrained Fourier transform traction cytometry in MATLAB
[62]. To calculate the total strain energy, U, applied by the cell
on the elastic substrate, we used the equation as described in
McCain et al. [23]:

U = 1
2

∑
n

An
(
ux,nTx,n + uy,nTy,n

)
, (3)

where ui and Ti are the displacement and traction forces vectors
in the i-direction and A is the discretized unit surface area of
the cell. To calculate the maximum traction force applied by
the cell pair on the substrate, we compared the magnitudes of
traction force vectors

−→
T n applied on discretized surface An over

all discretized cell surfaces, selected the highest and divided it
by the discretized cell surface

Tmax = Tn,max

An
. (4)

ENM synthesis

The ENMs used in our experiments were procured, synthe-
sized, and characterized by Engineered Nanomaterials Resource
and Coordination Core (ERCC) which is part of Nanotechnol-
ogy Health Implications Research (NHIR) Consortium at Har-
vard T.H. Chan School of Public Health. Specifically, citrate-
capped Au nanoparticles were synthesized according to a mod-
ified version of the Turkevich method optimized for increased
control over particle size and size polydispersity. Details on
the synthesis and characterization of pristine Au nanoparti-
cles are presented by Dong et al. [63]. The synthesis of Ag–SiO2

and CeO2 was performed using flame spray pyrolysis using
a procedure optimized for the synthesis of nanoparticles for
toxicological research [64]. Details on the synthesis parameters
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and characterization of the particles have been presented by
Beltran et al. [43].

ENM dispersion and colloidal characterization

Following a previously reported dispersion protocols [65–67], the
Ag–SiO2 and CeO2 colloidal suspensions were prepared at a
concentration of 500 μg mL-1 by sonicating the ENMs dispersed
in ultrapure, DNase/RNase free distilled water (Invitrogen, Carls-
bad, CA). We used an ultrasonic processor/sonic dismembrator
(FB-505, Fisher Scientific, USA) with an acoustic power of 2.51 J/s,
calibrated according to a literature protocol [68]. As previously
described [69], the sonication time for the Ag–SiO2 and CeO2

colloidal solutions depends on the critical delivered sonication
energy (DSEcr) predetermined for each ENM type (DSEcr, Ag–
SiO2 = 480 J mL-1; DSEcr, CeO2 = 630 J mL-1). The 10-μg mL-1

working solutions used in ENM exposure experiments were pre-
pared by diluting 500-μg mL-1 stock solutions in HBMEC culture
medium. For AuNPs, the supplied colloidal solutions were con-
centrated to 1200 μg mL-1 by using ultracentrifugation at 13 000
RPM for 20 minutes at 4◦C, which was then redispersed in DI H2O,
vortexed for 30 seconds, and then diluted to the final working
concentrations with HBMEC culture media. The hydrodynamic
diameter (dH) of ENMs in water of HBMEC suspension (Supple-
mentary Fig. 10) was measured using dynamic light scattering
(Malvern Nanosizer, Worcestershire, UK).

ENM cytotoxicity, oxidative stress, and reactivity testing

To measure the effect of ENMs on HBMEC viability, a com-
mercially available 3-(4,5-dimethylthiazol-2-yl)-5-(3-carboxy-
methoxyphenyl)-2-(4-sulfophenyl)-2H-tetrazolium (MTS) assay
kit (Abcam, MA, USA) was used to detect mitochondrial
reductase activity. For this test, HBMECs were seeded on 96-
well plates at a density of 1300 cells cm-2. The absorbance
of MTS-treated culture media at 490 nm was recorded using
a plate reader (Synergy HT; BioTek, NJ, USA). The background
signals at 650 and 490 nm from each ENM suspension in fresh
culture media were subtracted from the recorded absorbance
values. Percent mitochondrial reductase activity for each ENM
treatment group was normalized to the control group. To
measure the oxidative stress generated upon exposure to ENMs,
a fluorogenic CellROX® green probe (Invitrogen; Carlsbad, CA)
assay was performed. For this test, HBMECs were seeded on 24-
well plates at a density of 2500 cells cm-2. One group of cells was
treated with 200 μM menadione (Sigma-Aldrich, St Louis, MO,
USA) for 1 hour as a positive control for oxidative stress. After
ENM and menadione treatment, cells were incubated in 5 μM
CellROX® green and 20 ng mL-1 Hoechst stain (ThermoFisher
Scientific, Waltham, MA, USA) for 30 minutes. Samples were
rinsed with PBS, fixed in 4% PFA, and imaged immediately
using an EVOS M7000 Imaging System (ThermoFisher Scientific,
Waltham, MA, USA). CellROX intensity values were normalized
to the number of Hoechst-positive cells and corrected for
background fluorescent intensity of cells and ENMs without the
CellROX. An Amplex Red hydrogen peroxide/peroxidase assay
(Invitrogen, Carlsbad, CA) was used to test the oxidative capacity
of the CeO2 nanoparticles. CeO2 nanoparticles were added to
a solution of hydrogen peroxide containing the Amplex Red
reagent, and fluorescent intensity between 530 and 590 nm was
measured every 10 minutes. A standard curve was generated
using serial dilutions of hydrogen peroxide, which was used to
calculate final hydrogen peroxide concentrations in CeO2 and
blank solutions.

Similarity index calculations

The similarity index was used to compare the ENM-treated
tissues and cell pairs versus unexposed, cAMP-treated controls.
The index applies a modified Hellinger distance formula to
compare the similarity between two probability distributions.
The index is given by

Score = 100 ×
⎡
⎢⎣

√
2σaσb

σ2
a + σ2

b

e
− (μa−μb)

2

4
(
σ2
a+σ2

b

)
⎤
⎥⎦ , (5)

where μ is the mean and σ is the standard deviation of each met-
ric. The calculated index ranges from 0 to 100, where 0 indicates
complete dissimilarity and 100 indicates identical distributions.
Similarity indices were calculated for tissue metrics (cell area
and cell shape index), cell pair metrics (nuclear area, nuclear
eccentricity, nuclear distance, junction span, and junction area),
and permeability. Combine scores were determined by averaging
the evaluated parameters.

Statistical analysis

Statistical analysis was conducted using SigmaPlot (Systat
Software, Inc., San Jose, CA); data were first tested with the
Shapiro–Wilk test for normality and the Levene median test
for equal variance. Two-sample t-test tests were conducted
for normally distributed datasets. Alternatively, Mann–Whitney
rank sum test was used for non-parametric analysis if samples
did not meet normality and equal variance assumptions.
For multiple comparisons to control samples, such as in
pharmacological and ENM exposure studies, Holm–Sidak
method was used. PCA was performed using custom-made
code in R. The data was first standardized, and the PCA was
run on the standardized dataset using the Vegan package
in R.

SUPPLEMENTARY DATA

Supplementary data is available at INTBIO Journal online.
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